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Heterotrophic microbial communities in seawater and sediments metabolize much of the organic carbon pro-
duced in the ocean. Although carbon cycling and preservation depend critically on the capabilities of these microbial
communities, their compositions and capabilities have seldom been examined simultaneously at the same site. To
compare the abilities of seawater and sedimentary microbial communities to initiate organic matter degradation, we
measured the extracellular enzymatic hydrolysis rates of 10 substrates (polysaccharides and algal extracts) in
surface seawater and bottom water as well as in surface and anoxic sediments of an Arctic fjord. Patterns of enzyme
activities differed between seawater and sediments, not just quantitatively, in accordance with higher cell numbers
in sediments, but also in their more diversified enzyme spectrum. Sedimentary microbial communities hydrolyzed
all of the fluorescently labeled polysaccharide and algal extracts, in most cases at higher rates in subsurface than
surface sediments. In seawater, in contrast, only 5 of the 7 polysaccharides and 2 of the 3 algal extracts were
hydrolyzed, and hydrolysis rates in surface and deepwater were virtually identical. To compare bacterial commu-
nities, 16S rRNA gene clone libraries were constructed from the same seawater and sediment samples; they diverged
strongly in composition. Thus, the broader enzymatic capabilities of the sedimentary microbial communities may
result from the compositional differences between seawater and sedimentary microbial communities, rather than
from gene expression differences among compositionally similar communities. The greater number of phylum- and
subphylum-level lineages and operational taxonomic units in sediments than in seawater samples may reflect the
necessity of a wider range of enzymatic capabilities and strategies to access organic matter that has already been
degraded during passage through the water column. When transformations of marine organic matter are consid-
ered, differences in community composition and their different abilities to access organic matter should be taken
into account.
The degradation of marine organic matter in the ocean is
due in large part to the concerted effects of microbial communi-
ties in the water column and in the sediments, which collectively
reprocess and ultimately remineralize most of the organic matter
initially produced in the surface ocean (18, 39). These communi-
ties rely on extracellular enzymes to hydrolyze high-molecular-
weight organic matter to sizes sufficiently small for cellular up-
take. They then respire a fraction of the organic carbon and
excrete transformation products as dissolved organic carbon
(DOC) that may in turn be used by other members of the micro-
bial community. The composition and capabilities of hetero-
trophic microbial communities in seawater and sediments thus
play a critical role in the global carbon cycle. Although numerous
geochemical investigations of carbon cycling have followed the
transformations of particulate organic matter as it sinks through
the water column into the sediments (49, 74), investigations of
microbial activity and composition very rarely cover the same
trajectory, focusing instead solely on either sedimentary or sea-
water environments (19, 20, 27), with very few studies investigat-
ing both at the same time and place (41). This fundamental
disconnect in carbon cycling studies means that the extent to
which seawater and sedimentary microbial communities resemble
one another from both compositional and functional perspectives
is almost entirely unexplored.
Differences in physical and geochemical parameters (extent
of mixing, available electron acceptors, nature and type of
organic carbon substrates, nature of surface area) in the water
column and in sediments, however, suggest that heterotrophic
microbial communities in these environments are confronted
by fundamentally different challenges. Differing strategies may
be carried out by compositionally different communities, a
hypothesis supported by a comparison of data on microbial
community composition obtained at different times and differ-
ent sites. The few studies conducted on sediments and seawater
from the same location (in tropical and coral reef environments
[41]) have indeed found significant compositional differences.
Specific functional comparisons of microbial communities in the
water column and sediments are likewise sparse. The observation
that organic carbon substrates change in composition and quality
with depth in the water column and into the sediment (i.e.,
through changes in particle C/N ratios and decreases in identifi-
able biochemical components [49, 74]) suggests that strategies to
access organic matter may differ as well.
Tracking microbial transformation of organic matter is ex-
tremely challenging, however, due to analytical limitations in
efforts to resolve specific changes in substrate structure (40,
49). Investigations of organic matter transformations by het-
erotrophic microbial communities usually measure changes in
bulk parameters or transformations of lower-molecular-weight
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compounds (72, 77). Initiation of organic matter degradation
via extracellular enzymes is typically monitored through use of
small-substrate proxies. These proxies consist of an amino acid
or monosaccharide linked to a fluorophore that fluoresces
upon hydrolysis of the monomer-fluorophore bond (43). Al-
though they are simple to use, these proxies lack the structural
features of macromolecules. The relationship between data
obtained using low-molecular-weight substrate proxies and the
hydrolysis of the polymers that they are intended to represent
is uncertain (75). Moreover, these substrate proxies do not
reflect the activities of endo-acting extracellular enzymes used
to cleave high-molecular-weight substrates midchain (13).
To overcome some of these limitations and to investigate the
structural specificities within major classes of extracellular en-
zymes, alternative approaches using fluorescently labeled high-
molecular-weight polysaccharides and peptides were devel-
oped (7, 57). Enzyme activity is detected as a change in
substrate molecular weight as the substrate is progressively
hydrolyzed. These substrates permit comparison of hydrolysis
rates as a function of specific composition, and they can detect
the activities of endo-acting (midchain-cleaving) enzymes.
Investigations with fluorescently labeled polysaccharides
have demonstrated that the rates and structural specificities of
extracellular enzymes in seawater and in organic-rich muddy
sediments are very different (8, 11). Sedimentary microbial
communities produce a broader spectrum of extracellular en-
zymes than do water column communities from the same lo-
cations, differences that do not scale with likely differences in
cell counts (8, 11). The sedimentary communities therefore
have a broader range of hydrolytic capabilities to initiate car-
bon cycling, perhaps a necessary strategy in environments
where readily accessed substrates may have already been re-
moved during passage through the water column. Whether
these observed differences are due to compositionally different
microbial communities with a different range of tools or are the
outcome of differences in gene regulation between composi-
tionally similar communities is an unanswered question, since
comparisons of seawater and sedimentary microbial commu-
nities from the same site are almost entirely lacking. Further-
more, the extent to which microbial community composition
and capabilities differ may vary by environment. In an investi-
gation of the shallow water column over highly permeable
sandy sediments, the spectrum of enzyme activities closely re-
sembled that of the underlying sediments, perhaps due to ac-
tive flushing of sediments that transported enzymes and/or
organisms into the overlying water column (17).
In high-latitude environments, microbial communities in sea
ice, the water column, and sediments efficiently cycle organic
carbon, despite the permanently cold temperatures (12, 15, 45,
50, 78). Targeted comparisons of pelagic microbial communi-
ties with their temperate counterparts have demonstrated that
high-latitude communities differ in composition from their
more temperate counterparts (21, 22, 32). Bacteria exhibiting
growth characteristics well-suited to permanently cold temper-
atures have also been isolated and characterized from Arctic
sediments (46, 73). Direct comparisons of microbial commu-
nity compositions in seawater and sediments in high-latitude
environments, to the best of our knowledge, are entirely lack-
ing. Therefore, we compared the compositional as well as
functional characteristics of heterotrophic sedimentary and
seawater microbial communities from a high-latitude site.
To investigate microbial community composition as well as
microbial function in the water column and sediments in the
Arctic, we compared clone libraries and extracellular enzyme
activities in surface and near-bottom waters with those in sur-
face (0 to 2 cm) and subsurface (3 to 9 cm) sediments from a
fjord of Svalbard, an archipelago in the high Arctic. Our pur-
pose was to determine whether differences previously observed
between extracellular enzyme activities in surface waters and
surface sediments (11) also extend to deep waters and subsur-
face sediments and whether these differences are reflected in
the composition of the microbial communities in the same
samples. For this study, we collected samples simultaneously
for measurements of extracellular enzyme activities and for
examination of microbial community composition. We focused
on the activities of polysaccharide-hydrolyzing enzymes be-
cause polysaccharides are major components of phytoplankton
biomass, as well as of particulate and dissolved organic carbon
in seawater and sediments (14, 24, 30, 56). Previous work with
sediments of Svalbard had demonstrated that carbohydrates
can potentially meet a significant fraction of benthic microbial
carbon requirements (16) and thus can be important substrates
for heterotrophic microbial communities.
MATERIALS AND METHODS
Study site and sample collection. Seawater and sediment samples were col-
lected at Station J, Smeerenburg Fjord (16), 79.42°N, 11.05°W, where the water
column depth was 211 m. The surface-water temperature was 5°C, the bottom-
water temperature was 2.8°C, and the sediment temperature was 2.3°C. The
upper 2 cm of these sediments is soft and brown, grading to darker brown and
black at deeper depths. Brittle stars and worm tubes are frequently found at this
site (16). Surface water (collected at a depth of ca. 2 m) and bottom water
(collected at a depth of 195 m) were transferred to 5-liter carboys from a 10-liter
Niskin bottle. Water samples for clone library analysis (750 ml) were immediately
filtered with a hand pump through a Millipore Durapore 0.22-m-pore-size
filter. The filters were transferred to sterile plastic petri dishes and immediately
frozen on dry ice. Water for enzyme activity measurements was maintained at ca.
4°C until experiments were initiated at the shore lab, after ca. 18 h of transport
and setup. Sediment was collected via a Haps core. Sediments for enzyme activity
measurements were maintained at ca. 4°C until experiments were initiated at the
shore lab. For clone library analysis, surface sediments (25 ml, from the upper 0
to 2 cm; light brown oxidized sediment) were transferred by spatula into a clean
50-ml centrifuge tube. Brown/black sediments (25 ml) with a faint smell of H2S
from the sulfate-reducing zone at the 3- to 9-cm depth (13) were also transferred
into a 50-ml centrifuge tube, and both tubes were immediately frozen on dry ice.
All samples for clone library analysis were kept frozen on dry ice until they were
transferred to a 80°C freezer for storage prior to processing.
Measurements of enzyme activities. Extracellular enzyme activities were mea-
sured using fluorescently labeled polysaccharides and algal extracts as substrates
(6). Ten substrates that span a range of structural complexity were selected for
a focused study of enzyme activities within the polysaccharides, a broad class of
biomolecules quantitatively significant for marine carbon metabolism: pullulan
[(1,6)-linked maltotriose (glucose)], laminarin [(1,3-glucose)], xylan (xylose),
fucoidan (sulfated fucose), arabinogalactan (arabinose and galactose), alginic
acid (mannuronic and glucuronic acids), and chondroitin sulfate (sulfated N-
acetylgalactoseamine and glucuronic acid) were all purchased from Sigma or
Fluka. These polysaccharides are constituents of marine algae (56) and/or the
activities of enzymes hydrolyzing these substrates have been demonstrated in
marine bacteria (3, 5, 25). Genes encoding enzymes that hydrolyze these poly-
saccharides have also been identified in the genomes of fully sequenced marine
bacteria (23, 36, 76). Carbohydrate-rich high-molecular-weight extracts of
Isochrysis spp., wakame, and spirulina were extracted and characterized as de-
scribed previously (6). These algal extracts are chemically more complex than
purified polysaccharides; thus, they represent material a step closer to the com-
plex organic matter naturally occurring in marine environments. The Isochrysis
extract is primarily (82%) (1,3)-linked glucose, the wakame extract is primarily
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(75%) fucose and mannuronic acid, and the spirulina extract includes a wide
variety of carbohydrates, including 44% rhamnose and 13% glucuronic acid;
further detailed chemical compositions are reported elsewhere (11).
The polysaccharides and extracts were labeled with fluoresceinamine (isomer
II; Sigma) using the method of Glabe and coworkers (34), as modified by Arnosti
(6, 7, 9). In brief, polysaccharides or extracts were dissolved in Milli-Q H2O and
activated with CNBr. Fluoresceinamine was added, the reaction mixture was
incubated, and the labeled polysaccharides were purified using column chroma-
tography. The labeling density of these substrates is typically quite low; depend-
ing on the substrate, between 0.02% and 3% of the monomers in a polymer chain
is labeled (9). Physical interference of the fluorescent tag with the polysaccharide
is therefore minimal. Previously, it has been demonstrated that labeled and
unlabeled polysaccharides do not differ in activity in endothelial monolayer
binding assays and in inhibition of lectin-mediated hemagglutination (34).
Enzymatic activities were measured in seawater and sediments in experiments
initiated at the shore lab in Ny Ålesund, Svalbard, ca. 18 h after sample collec-
tion. Samples analyzed for seawater enzyme activity were collected in glass jars
and stored at in situ temperatures. In all experiments, samples (surface and
bottom water, as well as surface and subsurface sediments) were subsequently
incubated at 4°C in the dark, without shaking. Each 50-ml portion of seawater
received a single substrate to achieve a concentration of 3.5 mol liter1 mono-
mer-equivalent polysaccharide. This approach ensures the same substrate con-
centration in every incubation, irrespective of differences in the molecular
weights of the polysaccharides. The 50-ml portion was then divided into three
16.7-ml replicates. Killed controls consisted of autoclaved seawater, to which
substrate was added after the seawater had cooled. Since the equipment neces-
sary to monitor substrate degradation was not available at the shore lab, sam-
pling time points were selected on the basis of previous work in surface waters at
this site (11). Incubations were sampled after 0 days, 2 days, 4 days, 10 days, 15
days, and 21 days. At each time point, ca. 1.5 ml sample was removed from each
vial, filtered through a 0.2-m-pore-size surfactant-free cellulose acetate filter,
and then stored frozen until analysis in the home lab.
Measurements of enzyme activities in sediments were made by homogenizing
sediments (from 0 to 2 cm of the surface layer and 3 to 9 cm of the subsurface
layer) thoroughly and then transferring replicate 20-ml portions of sediments to
50-ml centrifuge tubes for individual incubations. The deep sediments were
gassed with N2 during processing and stored in N2-filled gastight bags. For
isochrysis extract, wakame extract, spirulina extract, and alginic acid, only 15-ml
portions of sediment were used, and substrate addition was reduced proportion-
ately. Since the analytical equipment necessary to measure the substrate signal
and monitor substrate transformations was not available at the shore lab in Ny
Ålesund, substrate addition levels as well as the time course of incubation were
based on previous experience with sediments from this fjord (11, 15). Each
substrate was added to triplicate tubes. For surface sediments, two substrate
addition levels were used, with triplicate sets receiving 3.5 mol and 7.0 mol per
tube (equivalent to 175 and 350 mol liter1 of sediment, respectively). Sub-
strate addition levels for deep sediments were 7.0 mol per tube. Controls
consisted of a 1:1 slurry of seawater and sediment that was autoclaved and cooled
prior to substrate addition. At each time point (0 h, 24 h, 45 h, and 60 h), tubes
were centrifuged in a refrigerated centrifuge to obtain a small amount of pore
water, which was filtered through a 0.2-m-pore-size filter and frozen until
analysis. Samples were rehomogenized, and deep sediment samples were gassed
again with N2 and incubated at 4°C in the dark.
Seawater and pore water samples were shipped frozen to the home lab, where
they were thawed and injected via autosampler on a gel permeation chromatog-
raphy/high-pressure liquid chromatography system with fluorescent detection as
described previously (6, 9). Hydrolysis rates were calculated from the molecular
weight distribution of the substrates as they were progressively hydrolyzed (6, 9).
The rates reported here are potential rates, since they were measured with an
externally added substrate that competes with naturally occurring substrates of
unknown concentration for enzyme active sites. The concentration of carbohy-
drates added to seawater likely doubles the concentration of total dissolved carbo-
hydrates, assuming a DOC concentration of ca. 80 M and a carbohydrate concen-
tration of 25% of DOC (24); more precise data from Svalbard fjords, to the best of
our knowledge, are not available. Sedimentary carbohydrate additions represent
approximately a 1- to 2-fold increase in pore water total dissolved carbohydrates
(16); particulate carbohydrates, which fuel the dissolved carbohydrate pool, are not
included in this calculation. These carbohydrate additions likely represent saturation
conditions, which would make the hydrolysis rates zero order (independent of
substrate concentration) with respect to enzyme kinetics.
DNA extraction. To extract and purify DNA from seawater filters in the
laboratory, small pieces of frozen filters (35-mg filter mass) were put into 2-ml
centrifuge tubes (one tube per depth) containing 200 l of 10 mM Tris–1 mM
EDTA buffer (TE) with 0.5% (wt/vol) sodium dodecyl sulfate and proteinase K
(50 g ml1). Tubes were incubated at room temperature for 30 min; tubes with
buffer and no filter material served as blanks. DNA was extracted by adding 200
l of a pH 8-equilibrated phenol-chloroform-isoamyl alcohol mixture (25:24:1
[vol/vol/vol]) and incubated for 5 min at room temperature. Tubes were then
centrifuged at the highest speed for 5 min, and aqueous phases were transferred
into new centrifuge tubes. The phenol phases were mixed with 200 l TE,
incubated for 5 min at room temperature, and centrifuged for 5 min. The
aqueous extracts were combined with the previous aqueous phases. DNA was
precipitated in 10% (vol/vol) 5 M NaCl and 2.5 volumes of 100% ethanol
overnight at room temperature. Tubes were then centrifuged at the highest
speed for 15 min, and pellets were washed with 70% ethanol, air dried, and
resuspended in 200 l sterile RNA-free water (Qiagen, Valencia, CA). DNA
from sediment was extracted and purified from 250 mg sediment using an
UltraClean soil DNA kit (MoBio Laboratories, Inc., Solana Beach, CA), follow-
ing the manufacturer’s instructions.
PCR amplification, cloning, and sequencing of 16S rRNA genes. The bacterial
16S rRNA gene for cloning was amplified by PCR using the bacterial primers 8f
and 1492r (70). Each 25-l PCR mixture contained 1 l DNA template, 0.3 l
primer solution (100 pmol l1), 1 l bovine serum albumin (10 mg ml1), 2.5
l 10 PCR buffer (Fast Buffer 1; Promega, Madison, WI), 4 l deoxynucleoside
triphosphate (2.5 mM each deoxynucleoside triphosphate), 16.075 l sterile
RNA-free water (Qiagen), and 0.125 l (0.625 units) Speed Star Taq polymerase
(Promega). PCR amplification was performed in a Bio-Rad iCycler thermal
cycler. The conditions were as follows: an initial denaturation at 94°C for 2 min,
followed by 25 cycles, each consisting of 10 s of denaturation at 98°C, 15 s at a
primer-annealing temperature of 58°C, and 20 s of elongation at 72°C, plus a
final cycle of 72°C for 10 min. The PCR products were visualized on a 1.5%
agarose gel using an ethidium bromide stain. Blank extractions, serving as con-
trols for contamination during DNA extraction, yielded no visible products. All
PCR products were purified with the MoBio PCR cleanup kit and cloned using
the TOPO TA PCR cloning kit before being transformed into Escherichia coli
following the manufacturer’s protocols (Invitrogen, San Diego, CA). Nearly
complete 16S rRNA gene sequences were obtained from Genewiz, Inc. These
directly amplified clone colony DNA using a nonspecific amplification proce-
dure, followed by a single-primer sequencing reaction using either 8f/1492r or
M13 vector primers.
Sequence analysis. Sequence reads were checked and assembled into contigs
using the Sequencher program (Gene Codes Corp). Assembled contigs were
initially screened for chimeras using the Bellerophon 3 program (44) and the
default settings. Three percent operational taxonomic unit (OTU) groupings
were then defined using the DOTUR program and provided the basis for
rarefaction curves (66). Representative sequences for each 3% OTU were then
aligned in the ARB program, with final adjustments made by eye, to closest
relatives in the SILVA (version 95) reference database (60). After the addition
of representative phylotypes, all sequences that appeared in the final tree were
checked for chimeras by running them through the Bellerophon 3 program (44),
using a window size of 200 bp and a divergence ratio cutoff of 1.08. Selected
sequences flagged as chimeras were then double-checked using the Pintail pro-
gram and excluded from the data set. The alignment used for phylogeny con-
sisted of sequence regions (ca. 1,200 nucleotides) that passed a 40% conservation
filter using the filter tool in ARB. The bacterial phylogenies were estimated using
the neighbor-joining algorithm (65), a maximum-likelihood-estimated model of
evolution, and a gamma-corrected rate distribution in MEGA (version 4.0)
software (48). Branch support was estimated with a 2,000-replicate interior
branch (IB) test (55), which uses a hypothesis-testing approach to determine the
probability that a particular interior branch has a length greater than 0, i.e., that
the node in question should not be collapsed into a polytomy. Values greater
than 95% should be considered strong support for a particular node (55). In
phylogenetic trees of this study, bacterial clades were defined using the most-
basal marker sequences from published phylogenies and were named and refer-
enced in accordance with published phylogenies. Bacterial clades showed long-
stem branches relative to internal branch lengths and were confirmed by high
interior branch support.
Nucleotide sequence accession numbers. The sequences have GenBank acces-
sion numbers GQ259213 to GQ259326 (see Table S1 in the supplemental ma-
terial).
RESULTS
Extracellular enzyme activities in seawater and sediments.
Patterns of enzyme activities in surface waters were identical to
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those in bottom waters (Fig. 1), despite the 2.2°C temperature
difference between surface and bottom waters, which likely
indicates a difference in water mass. Laminarin, xylan, fu-
coidan, chondroitin, alginic acid, wakame extract, and spirulina
extract were all hydrolyzed in both surface and bottom waters
at virtually identical maximum rates. There was no detectable
hydrolysis of pullulan, arabinogalactan, or isochrysis extract
over the 21-day time course of incubation in either surface or
bottom water. Hydrolysis rates of the substrates in surface and
bottom water ranged from nearly 9 nmol monomer liter1 h1
(for chondroitin) to undetectable (for pullulan, arabinogalac-
tan, and isochrysis extract). Maximum rates for surface and
bottom water (Fig. 1A) were measured after 10 days of incu-
bation for chondroitin, wakame, and spirulina (surface and
deep) and xylan (deep), at 15 days for xylan (surface), lami-
narin (deep), and alginic acid (surface and deep), and at 21
days for laminarin (surface) and fucoidan (surface and deep).
In sediments, all 10 substrates, purified polysaccharides as
well as algal extracts, were hydrolyzed. Hydrolysis rates ranged
from ca. 8,700 nmol monomer liter1 h1 (pullulan, subsur-
face) to ca. 280 nmol monomer liter1 h1 (chondroitin, sub-
surface) (Fig. 1B). Note that the hydrolysis of arabinogalactan,
isochrysis extract, and wakame extract was not measured in
subsurface sediments due to experimental error. Rates mea-
sured in surface and subsurface sediments differed somewhat;
in particular, the hydrolysis rates of pullulan, laminarin, xylan,
and alginic acid were considerably higher (in the case of pul-
lulan, by almost a factor of 5) in subsurface sediments than in
surface sediments. Hydrolysis of chondroitin was more rapid in
surface than subsurface sediments, and fucoidan hydrolysis was
virtually identical at both depths. The order of hydrolysis rates
therefore differed between surface and subsurface sediments,
with rates being as follows: alginic acid and wakame extract 
isochrysis extract laminarin, pullulan xylan chondroitin,
arabinogalactan, spirulina extract, fucoidan for surface sedi-
ments, and pullulan  alginic acid  laminarin  xylan 
fucoidan and spirulina extract  chondroitin for subsurface
sediments.
The most striking observation was the contrasting hydrolysis
rates and patterns between the seawater and sedimentary com-
munities, irrespective of depth. On a per volume basis, sedi-
ment rates were up to 3 orders of magnitude higher than water
column rates. Three of the 10 substrates (pullulan, arabinoga-
lactan, and isochrysis) were not hydrolyzed in the water col-
umn, but all substrates were hydrolyzed in sediments. Patterns
of hydrolysis were also very different, with chondroitin hydro-
lysis being the most rapid process in seawater and among the
least rapid in sediments, while the opposite pattern was ob-
served for alginic acid hydrolysis, being among the most rapid
in sediments and among the least rapid (of hydrolyzed sub-
strates) in seawater.
Overview of bacterial community composition. The bacterial
communities of the Svalbard water column and sediment sam-
ples diverged strongly in composition on phylogenetically
broad levels of bacterial phyla and classes (Fig. 2). These
changes are primarily manifested in the disappearance of sub-
phylum-level groups (Alphaproteobacteria) in sediments, in a
changing taxonomic profile within phyla and subphyla (Bacte-
roides and Gammaproteobacteria), and in the emergence of
bacteria typical of sediment, especially the Deltaproteobacteria
(Fig. 2). The 16S rRNA gene clone libraries of the water
column samples were dominated by Alphaproteobacteria
(44%); their dominant components are the phylogenetically
and ecophysiologically distinct pelagic SAR11 and marine
Roseobacter lineages (Fig. 3). The SAR11 lineage consists of
FIG. 1. Hydrolysis rates of polysaccharides and plankton extracts in
surface-water (horizontal-stripe bars) and bottom-water (slanted-
stripe bars) samples (A) and in homogenized sediments from depths of
0 to 2 cm (gray bars) and 3 to 9 cm (black bars) (B). Substrates are pull,
pullulan; lam, laminarin; xyl, xylan; fu, fucoidan; ara, arabinogalactan;
chon, chondroitin sulfate; alg, alginic acid; iso, Isochrysis extract; spir,
Spirulina extract; wak, wakame extract. Error bars show standard de-
viations of triplicate incubations. An asterisk indicates no data.
FIG. 2. Percent representation of bacterial phylum- and subphy-
lum-level groups in 16S rRNA gene clone libraries from water column
and sediment samples in Smeerenburg Fjord, Svalbard. From left to
right, surface water, deep water, surface sediment, and deep sediment
community. cmbsf, centimeters below the surface.
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ultraoligotrophic, globally dominant pelagic bacteria that uti-
lize marine dissolved organic matter (52, 61); their growth
depends on exogenous organosulfur compounds (dimethylsul-
foniopropionate [DMSP] and methionine) synthesized by
other bacteria (71). The marine Roseobacter lineage consists of
heterotrophic and photoheterotrophic bacteria that are abun-
dant in coastal waters and often assimilate organosulfur com-
ponents (28); for example, they respond positively to DMSP-
producing algal blooms (37) and they are the most frequently
recovered Alphaproteobacteria from metagenomes of DMSP-
assimilating laboratory enrichments (53). The next most abun-
dant lineages in the water column are Flavobacteria and un-
ranked Bacteroidetes lineages within the Bacteroidetes phylum
(Fig. 4), which accounted for 16 to 26% of all clones. Mostly
uncultured marine gammaproteobacterial lineages (Fig. 5), for
example, the globally occurring pelagic SAR86 cluster (47),
account for 19 to 31%. Detailed phylogenetic analysis shows
that the Svalbard clones are most closely related to clones from
previous surveys of seawater, polar sea ice, and marine sedi-
ment communities (Fig. 3 to 5). Less frequently recovered water
FIG. 3. Neighbor-joining phylogeny of Smeerenburg Fjord alpha- and deltaproteobacterial phylotypes, based on an 1,200-bp alignment of
bacterial 16S rRNA sequences. The Svalbard phylotypes are labeled with the habitat indicator (water_surface, water_deep, sediment_surface,
sediment_deep), followed by the clone number, and are highlighted in boldface.
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column groups include the Verrucomicrobia, Actinobacteria, Beta-
proteobacteria, and the SAR406 cluster (see Fig. S1 in the sup-
plemental material). The microbial community composition
changes drastically in the surficial sediment (0 to 2 cm), where the
Alphaproteobacteria decreased to ca. 4% of the bacterial clone
library (Fig. 2) and the Gammaproteobacteria dominate (49%).
Further shifts between water column and sediment occur within
the class-level structure of the Gammaproteobacteria; in the sed-
iment, the oligotrophic, aerobic heterotrophic strains of the
OM60 clade (29) and the not-yet-cultured OCMS-II group (Fig.
5) take the place of the pelagic SAR86 cluster (54) (see Fig. S2
and text in the supplemental material). The taxonomic composi-
tion within the Bacteroides phylum changes toward a mixed as-
semblage of Flavobacteria, unranked Bacteroidetes, and Sphingo-
bacteria (Fig. 4) that accounts for 15% of the clone library in
surficial sediment. Additional groups such as the Deltaproteobac-
teria, Acidobacteria, and Lentisphaerae account for ca. 7 to 9%
each. In the deeper sediment layer (3 to 9 cm), the Deltaproteo-
bacteria become the largest group in the 16S rRNA gene clone
library (20%), while the Planktomycetes and Chloroflexi constitute
9% each. The Gammaproteobacteria are reduced to ca. 9% of the
deep sediment clone library, with the Bacteroidetes phylum now
being represented by Sphingobacteria and Bacteroides (14%).
Numerous smaller bacterial groups constitute the remainder of
both sediment clone libraries and account for ca. 40% of the
clones in the deeper (3 to 9 cm) clone library (Fig. 2); a more
detailed discussion of these rarely retrieved phylotypes, as well as
additional detail on the major bacterial groups recovered, is in-
cluded as text in the supplemental material. The greater diversity
of the sediment community is reflected not only in the number of
phylum-level phylogenetic lineages but also in rarefaction analysis
of OTUs. The sediment samples showed a steeper increase of
phylotype diversity, as more distinct phylotypes are recovered in
the sediment samples than the water column samples (see Fig. S3
in the supplemental material).
FIG. 4. Neighbor-joining phylogeny of Smeerenburg Fjord Bacteroides phylotypes, based on an 1,200-bp alignment of bacterial 16S rRNA
sequences. The Svalbard phylotypes are labeled with the habitat indicator (water_surface, water_deep, sediment_surface, sediment_deep),
followed by the clone number, and are highlighted in boldface.
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DISCUSSION
Microbial communities and activities in water column and
sediment. Understanding the relationships between microbial
community composition and function is a major challenge in
studying heterotrophic carbon cycling in marine systems. Metag-
enomic approaches to decipher the metabolic potential of specific
organisms as well as entire communities have provided new in-
sights into community potential (31). The expression of the mi-
crobial community’s enzymatic repertoire in situ (23, 76), how-
ever, is most directly assessed by measuring specific enzyme
FIG. 5. Neighbor-joining phylogeny of Smeerenburg Fjord beta- and gammaproteobacterial phylotypes, based on an 1,200-bp alignment of
bacterial 16S rRNA sequences. The Svalbard phylotypes are labeled with the habitat indicator (water_surface, water_deep, sediment_surface,
sediment_deep), followed by the clone number, and are highlighted in boldface.
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activities in seawater and sediments. Since standard approaches
to measure microbial enzyme activities in aquatic systems (i.e.,
fluorescently labeled low-molecular-weight substrate proxies [43])
provide limited insight into the structural specificities of extracel-
lular enzymes, the extent to which heterotrophic communities
vary in their abilities to produce a broad range of extracellular
enzymes is, for the most part, unknown. The diverse range of
components and structures used as substrates in this study facil-
itates a detailed investigation of potential enzyme activity and
structural specificity that cannot be achieved with commercially
available substrate proxies.
The differences in the abilities of water column and sedi-
mentary microbial communities to initiate the degradation of
high-molecular-weight organic matter are striking and are re-
producible for samples collected in different years (11). These
differences cannot be attributed to differences in microbial cell
numbers: scaling the sediment and seawater hydrolysis rates by
a factor that would account for the 2- to 3-order-of-magnitude
difference in cell counts would still not produce similar pat-
terns of hydrolysis (Fig. 1A and B). The extent to which these
robust differences may be aligned with differences in commu-
nity composition was, prior to this study, a completely open
question, given the dearth of comparative studies of seawater
and sedimentary microbial communities from the same loca-
tions, particularly at high latitude.
We hypothesize that the differences in enzyme spectra and
activity are due to distinctly different sedimentary and seawater
microbial communities, as indicated by the 16S rRNA gene
sequencing survey. Our gene sequencing results are congruent
with those of other studies of either water column or sediment
communities in high latitudes that often yield the most closely
related phylotypes in 16S rRNA gene phylogenies (Fig. 3 to 5);
joint analyses of polar water column and sediment, as in this
study, are not available. The dominant water column commu-
nities in high latitudes consisted mostly of Alphaproteobacteria,
Gammaproteobacteria, and Bacteroidetes (1, 21, 35, 67, 80), in
contrast to Gammaproteobacteria, Deltaproteobacteria, Bacte-
roidetes, and Planktomycetes, which were the most frequently
recovered sediment lineages (8, 26, 27, 59, 62, 63, 64).
Interestingly, one of the key results of this clone library
analysis, the complex composition of the sediment community
and the high abundance of Deltaproteobacteria in the sedi-
ments, is validated by a quantitative microbial community anal-
ysis in the upper 20 cm of Smeerenburg Fjord sediment by
rRNA blotting (63, 64). The Deltaproteobacteria accounted for
ca. 25% of the bacterial 16S rRNA pool in the blotting analysis,
compared to 8 to 20% of the 16S rRNA clones in the 0- to 3-cm
and 3- to 9-cm depths. The Gammaproteobacteria accounted
for ca. 15% of the total 16S rRNA pool in the blotting results,
compared to 10 to 50% in the 16S rRNA clone libraries in the
0- to 3-cm and 3- to 9-cm depths. Bacteroidetes constituted ca.
4% of the rRNA blotting signal, compared to ca. 15% of the
sediment clone libraries. More than 50% of the bacterial
rRNA remained unaccounted for in the blotting analysis, since
the 16S rRNA probes for slot blot analysis did not cover the
highly diverse bacterial lineages that occur in the sediments
(64).
Could the highly diversified benthic microbial lineages (Fig.
2; see Fig. S1 in the supplemental material) represent the
principal reason for the expanded spectrum of hydrolytic ac-
tivities in the sediment compared to the more restricted sub-
strate spectrum measured in the water column? For example,
the Chloroflexi are likely to contribute to the diversified reper-
toire of polysaccharide hydrolases in the Svalbard sediments.
The Chloroflexi are a dominant microbial community compo-
nent of deep marine sediments (69) and include obligate an-
aerobic dehalogenators (Dehalobium chlorocoercia and Deha-
lococcoides ethenogenes) and diverse thermophilic, mesophilic,
and filamentous sugar and amino acid fermenters within the
recently defined class Anaerolineae that are often isolated from
anaerobic digesters in wastewater treatment plants or from
industrial fermenting bioreactors (81). Some recently isolated
strains within the Anaerolineae are able to grow slowly on xylan
and starch (81). In molecular assays combining microsphere
adhesion to cells with enzyme-labeled fluorescence, several
uncultured Chloroflexi populations were shown to express
chitinase, esterase, galactosidase, and glucuronidase activity,
although this was under aerobic conditions (47). Similar con-
siderations might apply to the Planktomycetes. The Planktomy-
cetes were previously detected to be a significant minority in
Svalbard sediments (64) and include cultured isolates that spe-
cialize in utilization of sulfated organic compounds (36). In
contrast, the Deltaproteobacteria are unlikely candidates for the
hydrolysis of complex carbohydrates in the sediment; they are
mostly represented by clones that are affiliated with sulfate-
reducing bacteria of the families Desulfobacteraceae and Des-
ulfobulbaceae (Fig. 3). The cultured members of these families
predominantly oxidize the fermentation products acetate and
other low-molecular-weight organic acids, such as propionate
to acetate and CO2; their substrate range does not include
high-molecular-weight carbohydrates (79).
The problem of linking identity and function. Although dif-
ferences in community composition are reflected in or contrib-
ute to differences in enzymatic hydrolysis patterns, linking spe-
cific organisms and activities for now has the character of a
working hypothesis with many caveats: the high number of
bacterial phylum- and subphylum-level lineages in the water
column and sediment, particularly the high phylum-level diver-
sity of the sediment bacterial populations (Fig. 2); the possi-
bility of overlooking crucial microbial groups due to the meth-
odological limitations of PCR and clone libraries; the
nonquantitative character of the clone library composition;
and the problems of inferring physiological capabilities from
sequence data. Assigning activities of specific enzymes to spe-
cific organisms within a complex community is beyond current
technical capabilities, due to inadequate coverage of natural
microbial communities in databases, as well as the structural/
sequence variability of enzymes belonging to the same families
and carrying out the same functions. Recognizing these diffi-
culties, we limit this discussion of potential links between hy-
drolytic and phylogenetic spectra to a single example, the Bac-
teroidetes phylum, that should be understood to be a working
hypothesis for future research.
The Bacteroidetes persist in sediment and the water column
while undergoing intraphylum community changes. Within the
Bacteroidetes, members of the class Flavobacteria (following
the taxonomic outline of Bergey’s Manual, 2nd ed. [32a]) ac-
count for ca. 15 to 25% of the bacterial clone libraries in the
water column; the Flavobacteria are reduced to ca. 10% in the
surficial sediment and are replaced in the deep sediment by
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members of the class Bacteroides and class Sphingobacteria
within the same phylum (Fig. 4). Physiologically, this commu-
nity shift might be best explained in terms of aerobic versus
anaerobic metabolism; it represents a change from phylotypes
affiliated with aerobic Flavobacteria and taxonomically yet un-
ranked Bacteroidetes in the water column, for example, Bacte-
roidetes clades NS 7, 8, 9, and 12 from the North Sea water
column (4), toward a mixture of aerobic Flavobacteria- and
Sphingobacteria-related phylotypes at the sediment surface,
followed by mostly anaerobic Bacteroidetes and deeply branch-
ing sphingobacterial lineages in the deeper anoxic sediment
(Fig. 4; see text in the supplemental material). This habitat
specificity appears to be a characteristic feature of the phylum
Bacteroidetes. A combined analysis of Bacteroidetes sequences
in public databases and from an extensive North Sea water
data set demonstrated that most sequence-based clades within
the Bacteroidetes were associated with a single habitat type and
could be identified to be either marine, freshwater, or sediment
derived; only a minority (15%) of Bacteroidetes clades occurred
in at least two habitat types (4).
The frequent recovery of flavobacterial sequences from the
water column and surficial sediments is most likely related to
the presence of phytoplankton and fresh phytodetritus in the
water column and on the sediment surface. Numerous studies
have shown that the Flavobacteria respond strongly to phyto-
plankton availability as either natural blooms, experimental
blooms, or enrichment experiments on phytodetritus (see ref-
erences 2 and 58 and references therein). Recently, stable
isotope probing experiments with surficial sediments have
demonstrated that phytodetritus is quickly assimilated by
members of the Bacteroidetes (33). The hydrolysis rates of
alginic acid, isochrysis, and wakame extracts at the sediment
surface are higher than those of other substrates (Fig. 1); this
preference for complex algal extracts might be a consequence
of local Bacteroidetes accumulation and enrichment on the
sediment surface.
Within the anaerobic sediment, the microbial community
shift toward anaerobic Bacteroides reflects a turn to anaerobic,
fermentative degradation of carbohydrates, since aerobic deg-
radation is no longer possible. Cultured free-living marine Bac-
teroides often have psychrotolerant temperature ranges and
ferment a wide range of sugars anaerobically (i.e., 42). Bacte-
roides are also widespread as symbiotic, fermentative degrad-
ers of complex plant polymers and marine macroalgal polysac-
charides within the digestive tract of metazoans (51). These
trends from cultivation studies and biotic surveys are con-
firmed by more recent whole-genome analyses; for example,
the genome of Gramella forsetii contains an abundance of gly-
cosyl hydrolases with close sequence similarities to arabinoga-
lactans (23). Such obligately or facultatively anaerobic Bacte-
roides species could represent potential contributors to the
high pullulan and alginate hydrolysis rates in the anaerobic
sediment (Fig. 1); more generally, they could be one of the key
bacterial populations that contribute to the generally higher
diversity of polysaccharide-hydrolyzing enzymes in the sedi-
ment.
Ideally, linkages between enzyme activities and phylogenetic
identity should be tested using cultured isolates. Marine Gam-
maproteobacteria have been cultured from Svalbard Fjord sed-
iments (68) and sea ice (38); these mostly comprise members
of the genera Pseudomonas, Pseudoalteromonas, Colwellia,
Erythrobacter, Psychrobacter, and Shewanella. Some isolates
from these genera hydrolyze starch and Tween 60 (68) and
pullulan and alginate (38). The elevated hydrolysis rates of
pullulan and alginic acid in sediment compared to the water
column (Fig. 1) would be compatible with the presence of
these polysaccharide-hydrolyzing Gammaproteobacteria in the
surficial sediment. Further, stable carbon isotope probing
experiments with sandy sediments of the Gulf of Mexico have
demonstrated that the gammaproteobacterial genera Pseudo-
alteromonas and Vibrio, in addition to members of the Bacte-
roidetes and Firmicutes, assimilate algal extracts quickly; these
gammaproteobacterial genera have a broad range of hydro-
lases that can be expressed in immediate response to phyto-
plankton detritus availability (33). However, the overlap of
Gammaproteobacteria from our Svalbard clone libraries with
these cultured strains is minimal and consists of a single Col-
wellia-related clone from bottom water (Fig. 5).
Enzyme activities in the context of community composition.
The clone library data clearly indicate differences in commu-
nity composition, particularly between seawater and sedi-
ments, but also between surface and bottom water, as well as
between surface and subsurface sediments. These community
differences are reflected as well in functional differences be-
tween the spectrum of enzyme activities in seawater and sed-
iments (Fig. 1). In surface and bottom water, rates as well as
patterns of enzyme activities were very similar. These similar-
ities may be due to functional overlap among the surface- and
bottom-water communities, or common members of these
communities may be responsible for specific activities. More-
over, since hydrolysis rates are measured with externally added
substrates and incubations extended over time courses suffi-
ciently long to allow microbial growth as well as enzyme in-
duction, these measurements provide insight into the potential
of a mixed microbial community to respond to substrate input
gradually over time, rather than a snapshot view of enzyme
activities at the time of sample collection.
Both the surface-water and bottom-water communities can
thus respond to a similar extent to substrate addition, but they
also share the same fundamental limitations in the spectrum of
enzymes produced; some microbial key populations with spe-
cific enzymatic capabilities found in the sediments seem to be
missing in the water column. Some soluble substrates that are
readily hydrolyzed in sediments are microbially recalcitrant in
surface and bottom waters, although their compositions on a
bulk level are quite similar. For example, laminarin and pul-
lulan are both linear glucose polysaccharides, and isochrysis
extract is branched and primarily consists of glucose. Only
laminarin, however, was readily hydrolyzed in surface and bot-
tom waters as well as in sediments; pullulan and isochrysis
extract were not hydrolyzed in seawater over the time course of
incubation.
In sediments, patterns of enzymatic hydrolysis were similar
in surface and deep layers, but rates of hydrolysis were typically
higher in deep sediments than in surface sediments (Fig. 1).
This difference was particularly pronounced for hydrolysis of
pullulan (8,700 nmol monomer liter1 h1 in deep sediments,
1,960 nmol monomer liter1 h1 for surface sediments) but
was also evident for alginic acid, laminarin, and xylan. The
differences in hydrolysis rates between surface and deep sedi-
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ments may be due to production of a greater number of en-
zymes or to enzymes with higher turnover numbers. Only for
chondroitin was hydrolysis more rapid in surface than in deep
sediments. Chondroitin may also constitute an exception be-
cause previous work has provided strong evidence that chon-
droitin hydrolysis is also induced in Svalbard sediments (10),
and the time course of incubation of these sediments (60 h)
may have been too short to allow full induction of activity (10).
The striking differences in patterns of hydrolysis between
seawater and sediments is consistent with the results of previ-
ous investigations of enzyme activities in surface waters and
surface sediment from Smeerenburg Fjord (11), with no hy-
drolysis of pullulan or arabinogalactan occurring in surface
water, although these substrates were readily hydrolyzed in
surface sediments. In the same study, hydrolysis of isochrysis
extract in surface water was detected only after 70 days incu-
bation, an indication that a numerically small and/or slow-
growing fraction of the microbial community was responsible
for hydrolysis of this substrate.
Outlook. These data, to the best of our knowledge, are the
first from a comparison of microbial community composition
in seawater and in sediments from a high latitude and repre-
sent data from one of few comparisons of this type from any
latitude. The distinct differences in community composition
between seawater and sediments are reflected in the differ-
ences in community function. Microbial communities in
Smeerenburg Fjord sediments may require a broader range of
enzymatic capabilities (and/or may have the capability of re-
taining a genome with a broader range of capabilities) than
their water column counterparts. Within the water column,
compositional differences in communities were not reflected in
differences in function, at least for the substrates/enzymes
tested. We note that there is a dearth of data on the physical
oceanography of Smeerenburg Fjord, so the extent to which
surface and bottom waters remain stratified and/or represent
different water masses is presently unknown. The relatively
large temperature difference (2.2°C) between surface and bot-
tom waters, however, suggests that fjord water masses are
stratified, particularly given the presence of several large gla-
ciers actively releasing icebergs into the fjord waters and
thereby providing a source of fresher (less saline) surface wa-
ter. Given the strong functional differences between the sea-
water and sedimentary microbial communities, efforts to un-
derstand microbial processing of carbon should include both
compartments; future work should be aimed at pinning down
who does what.
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